ABSTRACT: In recent years, new imaging methods for mapping microhabitats, solute concentrations, microbial activity and photopigment content have been developed and increasingly applied in different areas of aquatic microbial ecology and biogeochemistry. Such techniques exhibit a spatial resolution similar to that of microsensors, but allow for instantaneous mapping of the 2-dimensional distribution and dynamics of solute and pigment concentrations over areas ranging from µm 2 to several cm 2 . Methods have been developed for imaging O 2 and CO 2 concentrations as well as pH with optical sensor foils (i.e. planar optodes), and for combined imaging of photopigments and photosynthetic activity via variable chlorophyll fluorescence. More recently, hyperspectral imaging has been employed to identify pigment content in individual cells and to visualize the spatial organization of functional groups in photosynthetic microbial communities. We give an overview of these emerging methods with a range of illustrative examples to demonstrate how they can provide useful information in functional and structural studies of a variety of aquatic microbial communities, such as sediments, biofilms, coral tissues or photosynthetic mats. 
INTRODUCTION
Electrochemical and optical microsensors are powerful and minimally invasive tools for studying the microenvironment and activity of microorganisms in their natural habitat at a high spatio-temporal resolution (reviewed in Revsbech & Jørgensen 1986; Kühl & Revsbech 2001 , Revsbech 2005 , Kühl 2005 ). Since their introduction to environmental microbiology in the 1970s, the use of microsensors has completely changed our view of the function of microbial communities and how microbial activity is regulated by biotic and abiotic factors. However, it is important to realize that microsensor measurements represent a limited number of point measurements that essentially describe complex and inherently heterogeneous microbial communities from a 1-dimensional point of view (e.g. Jør-gensen & Des Marais 1990) . Consequently, it is often rather difficult, if not impossible, to extrapolate from such measurements towards quantitative relationships in 3 dimensions at larger scales. Structural imaging and spatial reconstruction, as achieved by confocal microscopy and advanced electron microscopy methods, show that most microbial communities are complex 3-dimensional structures -or rather 4-dimensional, as the spatial structure changes dynamically over time -in which the microenvironments are expected to exhibit similarly complex and dynamic heterogeneities. Consequently, there is a need for techniques which can reveal this spatio-temporal patchiness in microenvironmental conditions and provide information on microbial activity and identity while leaving the community largely intact.
In recent years, new imaging techniques have been developed for mapping the distribution of key parameters (O 2 and CO 2 concentrations, pH) with planar sensor foils (i.e. planar optodes) in laboratory and in situ applications (e.g. Liebsch et al. 2000 , Glud et al. 1999 , Zhu et al. 2005 , 2006 , Stahl et al. 2006 , Kühl et al. 2007 ). There are also other types of functional and structural imaging methods, such as variable chlorophyll fluorescence imaging of photosynthesis (e.g. Grunwald & Kühl 2004 , hyperspectral (HS) imaging of photopigments (Bachar et al. 2008, M. Kühl et al. unpubl., L. Polerecky et al. unpubl.) , and nuclear spin magnetic resonance (NMR) imaging of porosity and diffusivity (e.g. Wieland et al. 2001) , that are just beginning to be applied in environmental microbiology. Here, we give an overview of recent developments in O 2 , variable fluorescence, and HS imaging. The aim is to inform aquatic microbiologists about fascinating new experimental possibilities for imaging pigment distributions, the activity of microbes and their physico-chemical microenvironments. We present a somewhat detailed description of the different techniques to facilitate better appreciation of their respective strengths and weaknesses, and illustrate their use in aquatic microbiology by providing a range of examples, focusing primarily on phototrophic communities. We do not address irreversible gel-sampling techniques, which can also be used to measure 2-dimensional distributions of solutes and solute fluxes (Davison et al. 2000) and which are excellent techniques to combine with the imaging techniques discussed here.
O 2 IMAGING WITH PLANAR OPTODES Background
Development of sensors for the optical detection and quantification of chemical species is one of the most active research areas within analytical chemistry (Wolfbeis 2003 (Wolfbeis , 2004 . The primary challenge is to develop indicator dyes ('indicator chemistry') that exhibit reversible changes in their optical properties, i.e. luminescence or absorbance, as a function of analyte concentration. In recent years, such sensors have found widespread application in the environmental sciences. By depositing the sensing chemistry at the measuring tip of tapered optical fibers, fiber-optic microsensors (i.e. microoptodes) can be constructed. In combination with micromanipulators for positioning and the necessary optoelectronic instrumentation, such microoptodes allow high spatial resolution measurements of key solutes (e.g. O 2 , pH and CO 2 ) in a broad range of environmental samples in the laboratory and in situ (reviewed in Holst et al. 2000 , Kühl 2005 .
By immobilizing the optical indicator dye on a transparent carrier foil or a thin glass substrate instead of at a fiber tip, planar sensors (i.e. planar optodes) can be made. When combined with special imaging systems (e.g. Holst et al. 1998 , Zhu et al. 2005 , Oguri et al. 2006 , planar optodes allow instantaneous 2-dimensional mapping of parameters such as O 2 and pH in the sample. Planar optodes were first introduced to the environmental sciences by Glud et al. (1996 Glud et al. ( , 1999 , and were first applied in studies of 2-dimensional distributions of O 2 and its dynamics in sediments and microbial mats. In the past few years, this methodology has undergone extensive development and has been successfully employed in many laboratory and in situ studies, ranging from investigations of microbial activity in biofilms and sediments to applications studying the effects of bioirrigation, bioturbation or O 2 loss from plant roots on sediment biogeochemistry. Here, we give an overview of planar O 2 optodes, their function, construction and application in aquatic microbiology.
Optical sensing of O 2
O 2 can be measured optically using different luminescent indicator dyes that exhibit a dynamic quenching of their luminescence intensity, I, and luminescence lifetime (also called decay time), τ, in the presence of O 2 . When an indicator dye molecule is excited by an energy-rich photon (e.g. in the blue spectral region), the molecule would, under anoxic conditions, return to its ground state by emitting a longer wavelength photon (e.g. in the red region). If O 2 is present however, it can collide with the excited indicator molecule, transferring excitation energy to O 2 and causing the formation of singlet oxygen. This, in turn, is rapidly converted back to O 2 via heat dissipation. Such quenching is more efficient the more O 2 is around, and the relationship between indicator luminescence and O 2 concentration can be described by the Stern-Volmer equation (Wolfbeis 2003) : (1) where c is the O 2 concentration, I 0 and τ 0 are the luminescence intensity and life-time of the indicator in the absence of O 2 , respectively, and K SV is a characteristic quenching coefficient of the indicator.
Optical O 2 indicators exhibit the highest sensitivity at low O 2 concentrations. Typical O 2 indicators only show significant interference with sulfur dioxide (SO 2 ), which is not present in most environmental applications. Furthermore, in contrast to electrochemical sensors, O 2 optodes are not affected by hydrogen sulfide (H 2 S). Furthermore, O 2 optodes do not consume oxygen and thus do not introduce stirring artifacts to the measured signal.
When an indicator is immobilized in a matrix material, its luminescence as a function of O 2 often exhibits non-ideal behavior, which can be described by a modified Stern-Volmer-like relation : (2) where α is a non-quenchable fraction of the indicator luminescence, typically around 0.1 to 0.2. The O 2 concentration (c) can thus be expressed as:
For a given mixture of the indicator and the matrix material, α is usually constant over the dynamic range of O 2 concentrations present in the sample, and Eq. (2) accurately describes the non-linear behavior of I or τ versus c. The parameter α can be determined from the measurement of luminescence at 3 defined O 2 concentrations (e.g. 0, c 1 = 20% O 2 saturation, and c 2 = 100% O 2 saturation). First, the quenching constant K SV can be determined as:
(4) Subsequently, α is calculated as:
Once α has been determined, calibration of optical O 2 sensors can be done by a simple 2-point calibration, e.g. by measuring I or τ at anoxia and at a known O 2 concentration.
Sensor materials
The sensitivity and dynamic range of planar O 2 optodes can be tailored by the appropriate choice of O 2 indicator type and immobilization matrix. The two types of O 2 indicators most commonly used (Papkovsky 2004 , O'Donovan et al. 2005 , Wolfbeis 2005 ) are (1) metalloorganic complexes of ruthenium(II), which are excited by blue light (440 to 480 nm) and emit red light (λ max6 10 nm), and (2) metallo-porphyrines with platinum or palladium as the central atom, which are excited by UV (395 to 405 nm) or blue-green (500 to 550 nm) light and emit red light (λ max~ 650 nm). Ruthenium(II)-tris-4, 7-diphenyl-1,10-phenanthroline (Ru-dpp), 5,10,15, 20-tetrakis-(2, 3, 4, 5, 6pentafluorphenyl )-porphyrin (Pt-TFPP), and platinum(II) octaethyl porphyrin (PtOEP) are the most frequently used indicator dyes with planar O 2 optodes, albeit PtOEP is rather photolabile.
Ruthenium-dpp-based optodes have a very good photostability and exhibit good and homogeneous sensitivity over a broad dynamic range from 0 to 100% O 2 saturation. PtTFPP-and PtOEP-based planar optodes have a narrower dynamic range (platinumporphyrines: 0 to 250%, and palladium-porphyrines: 0 to 10% air saturation), but they exhibit a stronger quenching and thus a higher sensitivity and a better signal-to-noise ratio (Oguri et al. 2006) . Most recently, Borisov & Klimant (2007) reported a new ultrabright phosphorescent O 2 indicator based on cyclometalated iridium(III) coumarin complexes (Borisov & Klimant 2007) , which are excited with blue light (~470 nm) and emit in the yellow spectral range (560 to 600 nm). Besides extreme brightness, this new indicator also shows a much lower temperature effect on its quenching behaviour than Ru-dpp, PtTFPP and PtOEP. First tests with environmental samples showed excellent performance (M. Stahl et al. unpubl.) .
The O 2 permeability of the immobilization matrix also affects the sensitivity of planar optodes. An indicator immobilized in a matrix with high O 2 permeability exhibits a higher amount of quenching for a given O 2 level than when the same indicator is immobilized in a less O 2 permeable matrix. Often, the need for good mechanical stability of the matrix is limiting the choice of matrix material. Although silicone has a very high O 2 permeability, it is often not a good matrix for planar optode applications due to sub-optimal mechanical stability -especially in applications where samples are moved relative to the planar optode during sampling or positioning of the experimental setup. Instead, polystyrene, which has significantly lower O 2 permeability but exhibits good mechanical stability and adhesion to hydrophobic surfaces, is often the preferred immobilization matrix for making planar O 2 optodes. Organically modified sol-gels (i.e. Ormosils), whose mechanical stability and O 2 permeability can be optimized by tailoring the formation conditions and amounts of precursor material, are also a possible alternative (König et al. 2005 ).
Construction of planar optodes
Planar O 2 optodes are mostly constructed on a transparent and O 2 impermeable carrier, e.g. polyethylene terephthalate foil (Mylar, Goodfellow), onto which a mixture of immobilization matrix and O 2 indicator dye (so-called sensor cocktail) is immobilized. A simple knife coating procedure is well-suited for producing relatively small homogeneous sensor foils (of a few cm 2 ). However, larger planar optodes are difficult to make using this procedure. For example, non-homogeneous evaporation of the solvent from the knifecoated foil often results in a somewhat thicker rim at the edges of the planar optodes, thereby limiting the useful area of the sensor foil. Fast evaporation can also cause tension and formation of fine cracks in the sensor layer. Furthermore, small dust particles in the sensor cocktail can result in the formation of pinholes and stripes in the foil. A better and easier method for the construction of planar optodes of 10 × 15 cm or even larger areas is based on simple dispersion of the sensor cocktail over the carrier foil with a pipette. The coated foil must be kept perfectly horizontal in a small flat chamber, which is closed almost completely with a lid after the deposition of the sensor cocktail. In this way, the evaporation of the solvent can be controlled, preventing the formation of strain and cracks in the foil during the hardening process. The sensor cocktail must be well-mixed and have a rather low viscosity (achieved by the addition of more solvent) to allow construction of homogeneous planar optodes.
A similar method can be applied to immobilize sensor layers directly onto glass substrates such as microscope slides and cover slips. The best adhesion is obtained by making the glass surface hydrophobic by silanization before application of the sensor cocktail. Using spin-coating, sensing layers of only 0.5 to 1.0 µm thickness (i.e. planar nano-optodes) can be constructed (Kühl et al. 2007 ). Such planar O 2 nanooptodes exhibit an ideal Stern-Volmer quenching behaviour (see Eq. 1) and a linear temperature dependence of the luminescence intensity or lifetime, which simplifies their calibration and application. These planar nano-optodes can, for example, be used in combination with a confocal microscope (see 'O 2 imaging systems and measuring protocols' below).
In luminescence intensity-based O 2 imaging, the sensor foil needs to be covered with a black silicone layer, acting as an optical isolation, to prevent reflections of the luminescence generated in the foil from inhomogeneities or optical artifacts behind the foil, which could be misinterpreted as O 2 variations. In lifetimebased O 2 imaging, this layer is not necessary, provided that the sample does not contain luminescent species or materials with excessively bright luminescence with lifetimes in a similar range as the O 2 indicator. This makes it easier to construct and work with the planar optodes, especially with respect to their calibration. The luminescent intensity of the optode can be dramatically enhanced by the addition of inert light scattering particles (e.g. TiO 2 ) to the sensor cocktail, resulting in semi-transparent planar optodes (König et al. 2005) .
O 2 imaging systems and measuring protocols
Initially, planar O 2 optode applications in sediments, biofilms, and microbial mats were based on the use of a simple luminescence intensity imaging system (Glud et al. 1996) . A Ru-dpp planar optode in the experimental setup, covered with a black silicone layer for optical isolation, was continuously illuminated from behind by a halogen lamp equipped with a short-pass filter transmitting blue light, and the luminescence intensity was imaged with a sensitive charge-coupled device (CCD) camera equipped with a long-pass filter for detecting the red O 2 -dependent luminescence from the planar optode.
The development of a modular luminescence lifetime imaging system for O 2 planar optodes (Holst et al. 1998 ) enabled a much more flexible use of planar optodes, including the possibility of using transparent sensor foils, which allow alignment between the sample structure and the measured O 2 distribution (Holst & Grunwald 2001 ). The imaging system employs a gateable CCD camera (Sensicam-Sensimod, PCO) and an array of blue light-emitting diodes (LEDs) as an excitation light source. The timing of the image acquisition by the camera and the excitation light pulses are controlled by a pulse-delay trigger unit. By varying the timing of image acquisition relative to the excitation light pulses, it is possible to acquire (1) normal luminescence intensity images, i.e. images recorded while LEDs are on, (2) lifetime-proportional images, i.e. the ratio of images acquired during illumination and immediately after the eclipse of illumination, and (3) luminescence lifetime images, derived from 2 or 3 intensity images acquired in different time windows after the eclipse of illumination (see Holst et al. 1998 , Holst & Grunwald 2001 for additional details). A similar system, but employing a different hardware, was developed by Oguri et al. (2006) .
Instead of lifetime imaging, the O 2 dependent emission of the indicator can also be referenced against the emission from an inert luminescent dye. This way, most of the potential artifacts arising from luminescence intensity measurements can be referenced out by calibrating the ratio of the O 2 -dependent luminescence over the reference luminescence against O 2 concentration. Both the indicator and reference dyes need to be immobilized with a defined molar ratio in the same matrix. Optimally, both dyes should be excited in the same spectral range, and the ratiometric referencing can be done either by spectral (facilitated by distinct emission spectra of the dyes) or temporal (enabled by distinct luminescence lifetimes of the dyes; Klimant 1997 , Huber et al. 2000 separation of the 2 luminescence signals. To our knowledge, such ratiometric O 2 imaging has not yet been applied in environmental applications of planar optodes. However, it has recently been used in first applications of O 2 -sensitive nano-particles for ratiometric mapping of O 2 on a confocal laser scanning microscope (M. Staal et al. unpubl. data), and we are currently implementing this approach for use with planar O 2 nano-optodes.
In most laboratory applications of planar O 2 optodes, the sensor foil is fixed in a given position, e.g. on the inner wall of a flow chamber, and cannot be moved to different points within a sample. To enable such repetitive measurements, an endoscope system for planar optodes was developed by Holst et al. (1999) . A similar 'inverted periscope' approach was later used to design an underwater module (Glud et al. 2001) , which has been applied for in situ O 2 imaging in coastal and deep-sea sediments (e.g. Wenzhöfer & Glud 2004 . The module consists of a pressureand water-tight cylinder which contains the camera, electronics and an array of blue LEDs. The LED excitation is coupled to an optical periscope head which is coated with a planar optode on one side and can be inserted into the sediment using a motorized positioning device. The design of the periscope head minimizes disturbance and mechanical smearing in front of the planar optode (Glud et al. 2001) , and the device can be mounted on different underwater measuring platforms such as ROV's or benthic landers.
O 2 imaging has also been implemented in microscopic applications, where an ultrabright blue LED (e.g. from Luxeon or Nichia) and the CCD camera are, respectively, connected to the excitation light port and the C-mount of a standard epifluorescence microscope (Fig. 1) . Appropriate filter-combinations can then be implemented as normal epifluorescence filter blocks on the microscope. Such a configuration was adapted to a confocal microscope, which allowed the combined mapping of bacterial biomass and O 2 concentrations at the base of a biofilm (Kühl et al. 2007 ).
An important aspect of O 2 imaging is proper calibration of the sensor foils. Normally, this is achieved by filling the experimental chamber containing a mounted planar optode with N 2 or Ar-flushed water The data show pronounced heterogeneity at the cellular level, and that low O 2 conditions can prevail below biofilm structures and cell clusters as small as 80 to 100 µm in diameter (reproduced from Kühl et al. 2007) (0% O 2 ) and with air-flushed water (20% O 2 ), either before or after the experiment. After the sample is placed in the chamber, O 2 images acquired during experiments can be calibrated using a pixel-by-pixel calibration procedure based on Eqs.
(1-5), which yields the most accurate calibration. If the planar optode is homogeneous, it is also possible to calibrate from readings on part of the acquired images, e.g. from average pixel values obtained from sensor areas exposed to ambient water of known O 2 content above the sample surface and those located in anoxic parts of the sample. Such a calibration procedure works especially well with planar O 2 nano-optodes, where tests showed no significant difference when comparing the pixel-by-pixel calibration to that based on average pixel values (Kühl et al. 2007 ). When interpreting the results, it is also important to align the acquired O 2 images with the structure of the studied system. For example, the position of the sediment-water interface needs to be determined to accurately calculate diffusive fluxes from the O 2 concentration images. Such alignment is facilitated by using transparent or semi-transparent planar O 2 optodes (Holst & Grunwald 2001) . With semi-transparent sensor foils, the sample topography against the planar optode can be determined by shining white light directly towards or from behind the optode. When measuring with planar optodes covered by an optical isolation layer, it is impossible to directly observe the sample topography. However, it is possible to visualize it chemically, e.g. by adding crystals of a strong reducing agent, such as sodium dithionite, to the surface. The strong local O 2 depletion created by this agent can then be monitored on the O 2 optode and used to interpolate the surface topography (Glud et al. 1996) .
Software for O 2 imaging and O 2 image analysis
Camera manufacturer-provided software is usually sufficient for the basic acquisition of luminescence images in intensity-based O 2 imaging. Imaging employing lifetime-based and ratiometric principles requires image acquisition and control of the excitation light source and other hardware components (e.g. filters) in special timing protocols (see previous section), which has been made possible by specially developed measuring software (Holst & Grunwald 2001 , Polerecky 2005 . Basic image analysissuch as calculation of O 2 images from the raw images based on Eqs. (1) to (5), extraction of pixel averages or profiles from the O 2 images or overlay of O 2 images with the sample topography outline -can be done with freely available software (Polerecky 2005, L. Polerecky unpubl.) . Additionally, software implementing more advanced routines, such as pixelwise calculation of rates based on the spatial (Bachar et al. 2008) or temporal ) derivatives of O 2 images, or for the analysis of extensive O 2 image series , is also available from the authors.
Planar O 2 optode studies of photosynthetic microbial communities
Planar O 2 optodes have been employed in a wide range of laboratory and in situ studies of O 2 distributions in coastal and deep sea sediments (e.g. Glud et al. 1996 , Oguri et al. 2006 . They have also been used to quantify the distribution of O 2 consumption rates in permeable sediments , and have proven a powerful tool to visualize and quantify the effects on the O 2 dynamics and biogeochemical zonation in sediments of advective transport (Precht et al. 2004 , fauna bioturbation and bioirrigation (Wenzhöfer & Glud 2004 , Volkenborn et al. 2007 ), or radial O 2 loss from plants (Jensen et al. 2005 , Frederiksen & Glud 2006 .
Planar O 2 optodes are also an excellent tool for studying photosynthesis and respiration in aquatic microbial communities such as microbial mats and biofilms (Glud et al. 1999 , Bachar et al. 2008 , where rates of net O 2 production and consumption can be spatially resolved (Fig. 2) . Furthermore, they allow monitoring of the photosynthetic O 2 production of extremely shade-adapted endolithic phototrophs, with the possibility to align activity areas to distinct spatial zones in coral skeletons ( Fig. 3 ; Kühl et al. 2008) . In principle, planar optodes can also resolve distributions of gross photosynthetic activity (e.g. Glud et al. 1999) using the same light-dark shift methodology developed for O 2 microsensors (Revsbech & Jørgensen 1983) . However, when using relatively thick planar O 2 optodes, especially those coated with black silicone for optical isolation, the sensor layer will act as an O 2 reservoir, masking the true O 2 dynamics and causing diffusive smearing of its spatial distribution. The most accurate imaging of gross photosynthesis thus requires thin planar O 2 optodes, e.g. planar nano-optodes (Kühl et al. 2007 ).
Planar optode imaging of other parameters
Besides O 2 , planar optodes for various other parameters, such as pH and CO 2 , have been developed and applied in sediments using both ratiometric (Zhu et al. 2005 (Zhu et al. , 2006 and lifetime imaging systems (Liebsch et al. 2000 , Stahl et al. 2006 . While some of these studies showed pronounced light-dependent pH dynamics in sediments with microphytobenthos, a more detailed application of these sensors for photosynthesis studies still needs to be realized. Most recently, combined planar sensors for simultaneous imaging of pH and O 2 have also been used for sediment studies (Schröder et al. 2007 ). Other combined sensor materials and measuring systems have been developed (Nagl & Wolfbeis 2007 ), e.g. for simultaneous imaging of O 2 and temperature (Borisov et al. 2006b ), or O 2 and CO 2 (Borisov et al. 2006a) . Such materials should be ideal for investigations of photosynthetic microbial communities and other applications in environmental microbiology.
VARIABLE CHLOROPHYLL FLUORESCENCE IMAGING
Measurement of variable chlorophyll fluorescence is a powerful method for monitoring the photosynthetic capacity, stress physiology and light acclimation of oxygenic microbial phototrophs, i.e. microalgae and cyanobacteria (Papageorgiou & Govindjee 2005 , Baker 2008 ). Two different measuring approaches are commonly used in aquatic biology for monitoring photosynthesis via variable chlorophyll fluorescence. One method is based on fast-repetition-rate (FRR) fluorometry, where a sequence of single turnover flashes drives photosystem II (PSII) towards closure, thus allowing the determination of the quantum yield and the functional absorption cross section of PSII under environmental conditions (Falkowski et al. 2005) . The other method is based on pulse-amplitude-modulated (PAM) fluorometry, which employs multiple-turnover flashes, determining PSII quantum yields from measurements of chlorophyll fluorescence yield under ambient light and during a strong saturating pulse that completely closes PSII (the so-called saturation pulse method; Schreiber 2005). Kromkamp & Forster (2003) present a more detailed comparison and discussion of the application of these two methodologies in aquatic biology. To our knowledge, no FRR imaging system is currently available, and in the following we will thus focus on PAM-based imaging systems that have found widespread application in aquatic biology. A more thorough discussion of different variable chlorophyll fluorescence imaging systems can be found in Oxborough (2004 Oxborough ( , 2005 and several chapters in a recent comprehensive review of chlorophyll fluorescence methodology (Papageorgiou & Govindjee 2005) . 
Saturation pulse method for measuring PSII quantum yield
The following rationale (taken from Schreiber et al. 1995) describes how quantum yields of PSII-related photosynthetic electron transport can be determined from the measurements of fluorescence yields with the so-called saturation pulse method. Variable chlorophyll fluorescence under ambient temperature regimes mainly originates from PSII. Absorbed light energy in PSII can be dissipated in 3 ways: (1) it can be converted into chemical energy by initiating a charge separation in PSII that drives electron transport and causes water splitting, (2) it can be dissipated as heat, or (3) it can be emitted as fluorescence. Thus, the sum of quantum yields of photochemistry, Φ P , fluorescence, Φ F , and heat dissipation, Φ D , must equal 1:
In a strong saturating light pulse (s), the PSII reaction center is completely closed Φ p = 0 and thus:
During the saturation pulse, the ratio between heat dissipation and fluorescence is assumed to be unchanged, i.e. 
Insertion of Eq. (7) now yields:
Finally, substitution of Eq.(6) yields:
Thus, it is possible to determine the quantum yield of PSII photochemical activity from measurements of fluorescence yields just before and during a strong saturation pulse.
The maximum quantum yield of PSII-related photosynthetic electron transport is determined from saturation pulse measurements on dark-adapted samples exhibiting a minimal fluorescence yield (F 0 ), and a maximal fluorescence yield (F m ), as: (11) while the effective quantum yield under known light conditions can be found from the fluorescence yield under ambient light (F) and the maximal fluorescence yield under a saturating pulse (F m ') as: (12) Several other important parameters characterizing photosynthetic performance can be derived from saturation pulse measurements, e.g. measures of the quantum yield of non-photochemical quenching, but here we focus on proxies for photosynthetic activity.
Absolute rates of photosynthetic activity in terms of electron transport (ETR, µmol electrons m -2 s -1 ) can in principle be estimated from effective quantum yield measurements as: (13) where σ II is the effective absorption cross section of PSII, E PAR is the irradiance of photosynthetically active radiation, and k is a factor describing the distribution of excitation energy between PSII and PSI.
E PAR can be estimated from simple irradiance or scalar irradiance measurements with commercial instruments (e.g. LiCor, Biospherical Instruments), or in some cases with fiber-optic microprobes , Kühl 2005 . The factor k is often assumed to be 0.5, i.e. corresponding to an equal distribution of light energy between PSI and PSII. However, this assumption is problematic because, for example, state shifts caused by changes in the composition of the light harvesting complex and its association with PSII and PSI can strongly affect k (Baker 2008) . Although the absorption cross-section of PSII cannot be determined by the saturation pulse method, the functional absorption cross-section of PSII can be measured, e.g. by FRR methods, or estimated by absorption spectroscopy on planktonic samples. The latter is not possible with surface-associated biofilms and tissues with a strong scattering component affecting light attenuation. In practice, many studies therefore simply quantify relative rates of photosynthetic electron transport (rETR) as: (14) where the absorptivity, A, is either set to a constant or estimated from reflectance measurements.
In variable chlorophyll fluorescence imaging, one common estimate of A is derived from imaging the reflectance of red, photosynthetically active light (R) and near infrared (NIR), photosynthetically inactive light (R NIR ) from a sample according to the formula:
However, this approach only works with thin water layers above the sample, where the differential absorption of red and NIR light in water is negligible.
Variable chlorophyll fluorescence imaging systems and their applications
Several variable chlorophyll fluorescence imaging systems have been developed (see recent reviews of Nedbal & Whitmarsh 2005 , Oxborough 2005 , allowing imaging of the photosynthetic performance of aquatic microbial communities and symbioses at spatial resolutions ranging from single chloroplasts to several cm 2 . Some of the first applications of this methodology in aquatic microbiology were presented by Oxborough et al. (2000) , demonstrating its use for microscopic studies of microphytobenthos photobiology. However, these investigations employed advanced laboratory microscope setups, which is a limiting factor for a more widespread application of variable chlorophyll fluorescence imaging in studies of aquatic systems. Since then, simpler imaging systems suitable for laboratory (e.g. Grunwald & Kühl 2004 , Schreiber 2005 or even in situ ) PAM imaging measurements have become commercially available (e.g. the Imaging-PAM systems, Walz, or the FluorCam systems, Photon System Instruments), and the methodology has been applied in a variety of studies on aquatic systems, such as seagrasses (Ralph et al. 2005b) , microbial mats (Vopel & Hawes 2006, Fig. 4 ), endolithic algae (Grunwald & Kühl 2004 ), coral photobiology ), coral bleaching and disease studies (Hill et al. 2004 , Roff et al. 2008 .
Variable chlorophyll fluorescence imaging also helped resolve the distribution and activity of chl d-containing phototrophs, identifying a new niche for oxygenic photosynthesis on coral reefs . The technique proved ideal to resolve the spatial distribution and activity of both the symbiotic cyanobacteria (Prochloron sp.) living inside ascidians and the underlying biofilm communities harboring the chl d-containing cyanobacterium Acaryochloris marina, which grows under extreme shade in terms of visible wavelengths but, due to its high content of chl d, can thrive on far-red wavelengths penetrating through dense overlaying layers of other oxygenic phototrophs (Fig. 5) .
Most recently, the use of multicolor red green and blue (RGB) LEDs has enabled microscopic multicolor variable chlorophyll fluorescence imaging (RGB Microscopy PAM, Walz). With such technology, the saturation-pulse technique can be performed with blue (470 nm), green (540 nm), red (650 nm) or white excitation lights, enabling very detailed studies of individual phototrophic cells or even single chloroplasts within algal cells for a wide range of phototrophs in mixed phytoplankton communities. Since the different excitation wavelengths target different functional groups of oxygenic phototrophs (Schreiber et al. 1996 , Thar et al. 2001 , Schreiber 2005 , deconvolution of the chlorophyll fluorescence signals allows separate characterization of these microorganisms in a mixed sample (Fig. 6 ).
HYPERSPECTRAL IMAGING
Unlike normal color imaging, where the color information is encoded by a combination of RGB channels, HS imaging assigns multiple spectral channels to each recorded image pixel element (Garini et al. 2006) . Since the spectral information reflects the identity of the object, its functional status and/or composition, combining it with spatial information (i.e. size, shape and location of objects), enhances our ability to unravel and understand possible links between the spatial organization and functional relationships amongst different constituents of a studied system. These attributes have made HS imaging instrumental in various areas of basic research and in industrial applications. . All parameters are scaled to the same dimensionless color bar shown below the panels. (F) Relative ETR (arbitrary units) vs. irradiance in 4 different regions of the microbial mat (AO: area of interest). Data demonstrate how variable chlorophyll fluorescence techniques can enable fast mapping of the spatial distribution of photosynthetic activity, light absorption and acclimatization in microbial mats and other surface-associated communities. M. Kühl (unpubl.) Early HS systems only allowed for 5 to 10 spectral channels, while state-of-the-art systems now allow several hundred spectral channels per pixel element, enabling acquisition of HS data stacks with excellent spectral resolution from UV to NIR. HS imaging was developed and primarily applied for observations on a large scale, e.g. in astronomy or for air-borne or satellite-based earth remote sensing. In recent years, compact systems have become available for macro-and microscopic applications in the field and laboratory, triggering new applications, e.g. in materials and forensic sciences. Also, HS microscopy is an emerging technology in biomedical research and cell biology (Schultz 2001 , Garini et al. 2006 , while environmental applications have involved mostly vegetation and mineralogical analyses.
HS imaging in aquatic biology has mainly involved remote sensing at larger spatial scales, ranging from large-scale mapping of plankton in oceans, coastal areas and lakes to, more recently, more local mapping of benthic communities of primary producers in shallow coastal areas and coral reefs (e.g. Hochberg & Atkinson 2000 , Andréfouët et al. 2003a ,b, Combe et al. 2005 , Deronde et al. 2006 . HS imaging has an enormous potential for resolving biomass and distribution of photosynthetic microorganisms in complex microbial communities. However, besides investigations of microphytobenthos distributions at a scale of millimetres to metres on sediments and rock platforms (e.g. Murphy et al. 2004 , 2006 , Smith et al. 2004 , Combe et al. 2005 ) and some HS fluorescence microscopy studies of corals (e.g. Simon-Blecher et al. 1996, Ainsworth et . (E) Quantum yield (broken lines) and derived rETR rate (solid lines) from the areas of interest shown in panel A as a function of irradiance. These data represent some of the first measurements of A. marina photosynthesis in its natural habitat and demonstrate how variable chlorophyll imaging can be used together with other microscale analytical techniques to obtain key information about the microhabitat of specific phototrophs. Reproduced from Kühl et al. (2005) al. 2006), phototrophic biofilms and single cells (e.g. Neu et al. 2004 , Roldán et al. 2004 , Larson & Passy 2005 Vermaas et al. 2008 ), we are not aware of any micrometre to millimetre scale application of HS imaging in aquatic microbiology beyond our own recent research. The following will thus mainly give a brief introduction to our current HS imaging methodology. The potential of this technology will be demonstrated with a few illustrative samples.
HS imaging systems
Besides relatively simple 3-chip CCD or complementary metal-oxide-semiconductor (CMOS) cameras that record images in 3 different wavebands (e.g. Murphy et al. 2006 ), a range of compact, and even portable, true HS imaging systems is commercially available (Garini et al. 2006) . Most systems rely on the movement of the investigated sample relative to the HS camera as part of the HS scanning process. One such system has recently been adapted for 2-dimensional mapping of photo-pigment distributions in microbial mats, biofilms and sediments , unpubl., Bachar et al. 2008 . The system comprises a laboratory HS camera (Resonon) attached to a motorized stage (VT-80, Micos) mounted onto a heavy stand. While the sample, placed ~5 cm away from the camera objective, is slowly moved (~80 µm s -1 ) relative to the HS camera, spectral information from a line of 480 pixels (wavelength region 460 to 913 nm, spectral resolution ~2 nm) is recorded at 3.75 fps. Thus, good quality HS images of a few mm 2 to cm 2 in size can be acquired with a spatial resolution of ~30 × 30 µm per pixel. By choosing the appropriate illumination, this system allows HS imaging of both the absorption and autofluorescence properties of the pigments in the sample. For the absorption measurement, the sample is illuminated by a broad-band light source, covering the range from visible to near infra-red light (e.g. a halogen lamp or a combination of LEDs). The spectra of the reflected light are recorded and normalized by the spectra reflected from the white reference standard (Spectralon, Labsphere), resulting in an HS image of spectral reflectance, R(λ). In contrast, narrow-band light sources, e.g. super-bright LEDs (Lumileds), emitting in blue (~455 nm), green (~530 nm) or amber (~590 nm), and equipped with a short-pass filter, are used to excite pigment autofluorescence. The HS images of autofluorescence, F(λ), are then recorded through a complementary long-pass optical filter (Bachar et al. 2008, L. Polerecky et al. unpubl.) .
Other HS imaging systems use a special linescanning device inserted between the objective and the CCD chip of the HS camera. Such systems do not rely on moving the sample relative to the camera objective during the HS scan, and can thus be much more easily adapted to standard optical microscopes. One such system (VNIR-100E, Emerging Technologies) has recently been adapted for investigating the distribution and abundance of different types of photosynthetic microorganisms in a phototrophic biofilm growing below an ascidian (M. Kühl et al. unpubl.) . With this system, HS images of spectral reflectance can be acquired through a dissection scope or directly via a macro-objective. Alternatively, the HS camera can be mounted onto a compound microscope operating in a transmission mode, providing the opportunity to acquire high quality HS images with a single-cell resolution. In both configurations, the illumination by a broad-band light source (e.g. a halogen or xenon lamp), used for the HS imaging of absorption properties of the sample, can easily be exchanged with the appropriate combination of an excitation light source (e.g. super-bright LEDs) with excitation/emission band-pass filters, providing the opportunity to acquire HS images of autofluorescence with a similarly high spatial resolution.
Besides the systems mentioned above, which can also readily be used for field studies, advanced confocal laser scanning microscopes with a flexible excitation range and multiple spectral detection channels (e.g. Leica SP5 or similar microscopes) have aided a number of laboratory studies investigating the complex 3-dimensional structure of cells in natural phototrophic biofilms (Roldán et al. 2004 , Larson & Passy 2005 and in coral-associated bacterial communities (Ainsworth et al. 2006) . Such systems are under rapid development and, most recently, even sub-cellular pigment distributions within small unicellular cyanobacteria have been resolved (Vermaas et al. 2008 ).
Identification of pigments from HS data
There is a large body of literature on the interpretation and analysis of HS datasets (e.g. Harris 2006) , and specialized software packages, such as ENVI (ITT Visual Information Solutions), are commercially available for advanced analysis. However, a detailed discussion of HS data analysis is beyond the scope of this paper, and we just present one example of a relatively simple analytical approach.
Our HS datasets were analyzed using the available in vivo absorption and fluorescence characteristics of the targeted pigments. Specifically, the 4th derivative of the reflectance spectrum in the wavelength corresponding to the absorption maximum of a given pigment (λ 1 ) was taken as a relative measure of the local pigment concentration (p): p 1~ d 4 R(λ 1 ) / dλ 4 (Bachar et al. 2008, L. Polerecky et al. unpubl.) . This approach is commonly used in spectroscopy (Butler & Hopkins 1970 , Fleissner et al. 1996 to identify wavelengths of absorption maxima in spectra with a multitude of possibly overlapping absorption peaks. The approach is based on the rationale that higher abundance of a pigment absorbing maximally at λ 1 results in a more pronounced trough in the transmission or reflectance spectrum, R(λ), at this wavelength. Mathematically, a deeper trough in R(λ) at λ 1 is characterized by more pronounced 2nd (curvature) and 4th derivatives of the function R(λ) in λ 1 . Because the 2nd derivative is more sensitive to the presence of another absorption peak centered at a close-by wavelength, λ 2 , the 4th derivative is a more robust parameter for quantification of the pigment with maximum absorption at λ 1 (Butler & Hopkins 1970 , Fleissner et al. 1996 . The autofluorescence HS images were analyzed by fitting the fluorescence spectrum in each pixel with a linear combination of Lorenzian and/or Gaussian peak functions, centered at specific wavelengths corresponding to in vivo emission maxima of the targeted pigments. The magnitudes of the peaks were then taken as relative measures for the local concentrations of the corresponding pigments (L. Polerecky et al. unpubl.) . In both analyses, the calculated relative concentrations of the targeted pigments were colorcoded and displayed as R, G and B channels in composite RGB images. The software that enables this simple analysis is freely available from the authors.
Identification and spatial discrimination of pigments in mixed microbial communities
HS imaging methodology allows very sensitive and minimally invasive identification, localization and relative quantification of pigments in microbial samples. The pigments can be identified based on their absorption and/or autofluorescence properties. Pigment analysis is fast, sensitive, and can be done on freshly collected samples without the need for sample process- Numbers in the image show specific morphotypes for which transmission spectra are shown in the panels to the right: red algae (1), green algae (2), cyanobacterial filament (3), small cyanobacteria with chl d (4), mixed green algae and cyanobacteria (5). Distinct spectral minima indicate the presence of chl a (440 and 680 nm), chl b (650-655 nm), chl d (710-712 nm), phycoerythrin (576 nm), phycocyanin (626 nm) and a near infra-red absorbing pigment (732 nm, which could be due to a specialized chlorophyll antenna of the green alga Ostreobium sp. or due to presence of Bchl c-containing phototrophs). (B,C) Composite images of the 4th derivative of the transmission spectrum in wavelengths corresponding to the absorption maxima of selected pigments (see details in respective panels), indicating the distribution and relative abundance of the different pigments and their association with different phototrophic morphotypes in the sample, e.g. green in panel C indicates the chl d-containing cyanobacterium Acaryochloris marina (M. Kühl et al. unpubl. data) ing. The measuring systems are portable and relatively low-cost, thus suitable for field measurements. Combination of the HS camera with a microscope allows identification of pigments in single cells (Fig. 7) . This identification can, for example, be done by comparison of the in vivo transmission spectra, averaged over each cell, with the absorption spectra of known pigments. Furthermore, using the 4th derivative approach as implemented in our analytical software, the relative concentration of any targeted pigment can be automatically quantified and visualized as a pigment distribution image. By overlying the pigment images with the outline of the cells seen by direct microscopy, the cells can be identified (e.g. assigned to a specific functional group) or classified based on their pigment content.
Macroscopic HS imaging allows semi-quantitative visualization of pigments in mixed phototrophic communities (Fig. 8) . The imaging technique has a high resolution which captures the dramatic spatial varia- tion of physico-chemical parameters (e.g. light quantity and quality, pH, concentrations of O 2 and H 2 S) that characterize the microenvironments of the studied microbial communities. This makes macroscopic HS imaging a powerful tool for the study of the role spatial organization of microorganisms plays in the ecological functioning of complex microbial communities, or to non-invasively monitor changes in the spatial organization and/or composition of a microbial community in response to changing environmental factors.
EMERGING TECHNIQUES FOR FUNCTIONAL IMAGING IN MICROBIAL ECOLOGY
Besides the methods described above, two other imaging techniques are increasingly applied for functional imaging in aquatic microbiology. NMR spectroscopy, especially pulsed field gradient-NMR, is a powerful non-invasive method for investigating the structure and mass-transfer properties of environmental samples (e.g. Beuling et al. 1998) . While NMR imaging is frequently applied in plant, animal and medical sciences, applications in microbiology are still scarce. NMR imaging studies in environmental microbiology have been conducted on microbial mats (Wieland et al. 2001) , biofilms (e.g. Manz et al. 2003 , Majors et al. 2005 ) and sponges (Bringmann et al. 1999) . Application of NMR microscopy for the analysis of single cells and aggregates of microorganisms is a fascinating new method that has just been introduced to microbiology (McLean et al. 2008) . Combined with confocal laser microscopy, NMR can visualize and overlay biofilm structure with the spatial distribution of metabolic compounds and hence bacterial activity. NMR imaging techniques involve the use of expensive and complicated equipment and data analysis, which is mainly available in dedicated research centers such as the large-scale NMR facilities of the European Union, where good technical expertise is available for users.
Another high-tech imaging technique with an enormous potential for functional imaging of aquatic microorganisms is multi-isotope imaging mass spectrometry (MIMS). After incubation of an environmental sample with various radioactive-or stable isotopelabeled substrates, the distribution of the incorporated labels can be imaged at single-cell resolution. The spatial resolution can be further increased with a NANOsecondary ion mass spectrometer (NANO-SIMS) Depth profiles of the relative chl a concentration and OCR in the same core, as calculated by horizontally averaging the respective images shown in panels B and C. Error bars represent standard deviation of the horizontal averages, r.u. = relative units. The data show a clear separation of the surface sediment into 3 zones, each characterized by distinct average respiration activity and pigment content, and suggest a possible link between the pigment content and the prevalent biogeochemical processes occurring in the sediment. While the diatom cells found in the top 2.5 cm may be responsible for the observed respiration, lower chl a content in the 2.5 to 5 cm layer may indicate dead or partially degraded cells that serve as a fresh organic carbon (C-org) source for anaerobic degradation, which manifests itself through elevated oxygen consumption rates due to the accumulation of reduced compounds. The layer below 5 cm, which is devoid of chl a and characterized by intermediate OCR, may correspond to a region with different quality of C-org for degradation and reactivity of the accumulated reduced compounds towards oxygen (Polerecky et al. 2005, L. Polerecky et al. unpubl.) ( Lechene et al. 2006) . This technique has already yielded fascinating new insights into aspects of microbial physiology, e.g. the regulation of cyanobacterial N 2 fixation (Lechene et al. 2007 , Popa et al. 2007 ). Most recently, this technique has been combined with oligonucleotide hybridization techniques for simultaneous identification and functional studies of bacteria, enabling in situ ecophysiology of uncultured microorganisms within complex microbial communities (Li et al. 2008) .
CONCLUSIONS
Rapid development in photonics and optoelectronics have made advanced imaging techniques available in aquatic environmental microbiology, providing the opportunity to image microbial activity, microbial identity and physico-chemical microenvironments in natural microbial communities at high spatio-temporal resolution. Thus, detailed structural analysis using advanced confocal and HS imaging methods can now be linked to the detailed mapping of function at scales ranging from the subcellular and single-cell levels to entire communities. In this paper, we have given a short overview of 3 types of functional imaging techniques that represent powerful tools for aquatic microbial ecology and which are starting to become more widespread.
The next important step is to combine several different imaging techniques on the same sample/system. We are currently realizing such studies by, for example, combining HS, O 2 and variable chlorophyll fluorescence imaging. An example of this approach is shown in Fig. 9 , where HS imaging of chlorophyll (chl a) distribution in permeable coastal sediment was combined with imaging of the O 2 consumption derived from planar O 2 optode measurements.
Although great progress has been made in the development of new imaging techniques, not all functional parameters relevant for aquatic microbial ecology can currently be imaged. Combination of the imaging techniques discussed in this paper with other high spatial resolution techniques, such as microsensor measurements, is a promising approach for gaining new insights into the microenvironmental controls of structure and function in aquatic microbial communities. 
